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Abstract
Scientists have used numerous techniques to measure organismal metabolic rate, including assays
of oxygen (O2) consumption and carbon dioxide (CO2) production. Relatively few studies have
directly compared estimates of metabolic rate on the same groups of animals as determined by
different assay methods. This study directly compared measures of the metabolic rate of three lines
of Drosophila simulans as determined either from direct measures of CO2 production using infrared
gas analysis (IRGA), or from estimates of O2 consumption based on manometeric techniques.
Determinations of metabolic rate of the same cohorts of flies using these two methods produced
results that often differed widely. Typically metabolic rate as determined by the manometric method
was significantly greater than that determined by CO2 output. These differences are difficult to
explain by simple biotic or abiotic factor/s. Because of the idiosyncratic nature of these differences
it is not possible to use a simple factor to convert from metabolic rate measurements done using
manometric techniques to those expected from direct measures of CO2 output or O2 consumption.
Although manometric devices are simple to construct and use, measurements of metabolic rate made
with this method can vary significantly from measurements made by directly assaying CO2
production or O2 consumption.
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Introduction
The rate of metabolism of an organism integrates fundamental aspects of its physiology,
perhaps more so than most other physiological parameters (Bartholomew, in Gordon et al.
1972). Lavoisier, along with Laplace, first recognized that metabolism was a combustion
process similar to that which takes place when a candle burns, and that both animals and burning
candles required oxygen (O2) (Poirier, 1996). Experimenting with assays of metabolism, these
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authors measured heat production of a guinea pig (Cavia sp.) using an ice calorimeter, and
indirectly quantified metabolism of the same species by assessing its O2 consumption (Kleiber
1975). These vanguard measurements of O2 consumption were novel, yet imprecise for several
reasons, most notably because they failed to account for production of water (H2O) vapor from
respiratory passages and skin of the guinea pig in their calculations (Kleiber 1975).

Since these seminal determinations of metabolism, a plethora of scientists have employed a
variety of techniques to measure metabolic rate, including direct assessment of heat production,
assays of O2 consumption, often by sophisticated electronic instrumentation, carbon dioxide
(CO2) production by IRGA, and food consumption. Although these methods have been used
in thousands of determinations of metabolic rate, relatively few studies have examined
potential errors in their determinations or compared estimates of metabolic rate on the same
groups of animals as estimated by different assay methods.

For arthropods, a standard manometric assay for O2 consumption uses a constant pressure
“microrespirometer” originally devised by Engelmann (1963), and subsequently modified by
other investigators (Conrradi-Larsen, 1974; Lee and Baust, 1982; Lee, 1995). These devices
are low in cost, simple to construct, and are thought to provide relatively sensitive
measurements of O2 consumption (Lee, 1995). The microrespirometer is typically fashioned
from a disposable plastic syringe to which has been glued a micropipette at one end. Animals
are placed in the barrel of the syringe, the plunger inserted to form a seal, and then the entire
assembly placed in a constant temperature chamber. The total pressure of gases in the system
is Pt = pN2 + pO2 + p CO2 + pH2O. Measurements of O2 are based on the stoichiometric
principle that for each molecule of O2 consumed, one molecule of CO2 is released when
carbohydrate is the primary energy source. Because the partial pressure of CO2 is thought to
be held near zero by placing an absorbent, such as KOH or NaOH, inside the syringe, or in
some cases, within the barrel of the micropipette, decreases in overall pressure within the
syringe are said to be the result of O2 consumption, as monitored by movement of fluid in the
micropipette (Dixon, 1951; Lee, 1995). An empty microrespirometer often serves as a control
for minor fluctuations in temperature and pressure. Like experiments of Lavoisier and Laplace,
one underlying assumption contained within the above method is that pressure changes
attributable to respiratory and cutaneous H2O losses from the animal are negligible, or that the
CO2 absorbent maintains a constant H2O vapor pressure within the syringe during an assay
period. However, since the overall reaction of CO2 with NaOH or KOH produces H2O, [NaOH
+ CO2 → Na2CO3 + H2O], the later alternative is likely not true. Manometric methods are still
commonly used to measure metabolic rates of arthropods, particularly in relatively small
insects such as Drosophila, but we have been unable to find a validation of their efficacy for
measuring O2 consumption (Sohal et al., 1993; Ross, 2000; Hulbert et al., 2004).

In this study, we tested the accuracy of the manometric method for determining metabolic rate
of small arthropods. We compared the metabolic rate of Drosophila simulans as determined
either from direct measures of CO2 production using IRGA, or from estimates of O2
consumption based on manometeric techniques. To determine if either genetic differences or
age influenced the relationship between metabolic rate as measured by manometric or IRGA
methods, we compared metabolic rates between three different lines of flies at four different
ages. The inclusion of several different fly lines at numerous different ages gives us confidence
in the generality of our results. The main advantage of IRGA is that it is a highly sensitive
technique that can be used to accurately measure the quantity of CO2 produced by small
organisms (± 1ppm CO2), such as by an individual Drosophila, in real time (Dickinson and
Lighton, 1995; Berrigan and Partridge, 1997; Van Voorhies, Khazaeli and Curtsinger, 2004),
but it also requires expensive equipment.
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Our results suggest that measurements of metabolic rate as determined by the
microrespirometry-manometric method significantly overestimated metabolism compared to
IRGA. Estimates of O2 consumption by the manometric method deviated by as much as 50%
from those based on CO2 measurements, a lack of concordance that is difficult to explain.
Because we could not detect systematic errors in our manometric determinations, construction
of simple conversion factors to adjust data from our manometric method was not possible. We
conclude that although manometric devices are simple to construct and use, measures of
metabolic rate taken with this method can vary widely from measures of metabolic rate taken
by directly assaying for changes in CO2 or O2 levels. Therefore in any study using the
microrespirometer method, we recommend that tests of assumptions be performed prior to
publishing results.

Materials and Methods
Fly Lines

We measured rates of metabolism of non-virgin males from three D. simulans fly lines; HW09
was collected from Hawaii in 1998, NC48 from New Caledonia in 1991, and MD106 from
Madagascar in 1998 (Ballard, 2000). In 2004, lines were sibling-mated for 5 generations to
reduce genetic heterogeneity. Fly lines were treated with tetracycline to eliminate Wolbachia
infection >5 generations before the study commenced (James and Ballard, 2003).

Flies used in the study were raised as a single cohort at University of Iowa except for the group
of flies used to simultaneously compare metabolic rates using manometric and IRGA methods
in New Mexico. Two generations prior to the study, flies were maintained at low density on
instant Drosophila media (Carolina Biological, Burlington, NC) in 250-ml glass bottles.
Parents of the flies used in the study were released into population cages and allowed to
acclimate for 2 to 3d. Oviposition resources were provided for 4-h periods to collect eggs.
Larvae were reared at a consistent density by transferring ∼200 eggs onto instant Drosophila
medium in 250-ml bottles (Clancy and Kennington, 2001). Four days after emerging from
pupae, flies were immobilized on ice, sorted by sex, and non-virgin males were placed in 1-L
plastic population cages at an initial density of about 100 flies per cage (Tu, Epstein and Tatar,
2002). During our studies, fly lines were maintained at 23±1°C, 50% RH, and 12h light: 12h
dark daily cycle. Media was changed and dead flies were removed every 2d. Flies assayed at
New Mexico State University were raised at University of Iowa, transported via overnight
delivery as pupae or adult flies to New Mexico, and maintained as described above.

Infrared CO2 gas analysis—The real time metabolic rate of a single Drosophila can easily
be measured using modern flow-through respiratory methods (Dickinson and Lighton, 1995;
Lighton and Schilman, 2007; Lighton, 2007). However, we did not use flow-through
respiratory to measure fly metabolic rate because we wanted to keep the conditions under which
IRGA based metabolic rates were determined as similar as possible to those used for
manonmeteric based methods.

After immobilizing them by cooling on crushed ice, we placed individual flies into 2.2-ml glass
chambers, sealed with a rubber stopper. Chambers were flushed for 15s at a flow rate of 90ml/
min with CO2-free, water-saturated (100% RH) room air introduced through a 22-guage needle
with a second needle inserted to vent the chamber. After removing both needles, we allowed
each fly to respire for 1 h. The gas stream used to flush the chambers was hydrated by flowing
it through a series of glass syringes filled with sterile H2O and cotton wool. The water and
syringes were autoclaved and after cooling a low flow of pure nitrogen was continuously run
thorough the syringes for several days previous to their being used to fill the fly metabolic
chamber. The water vapor content of the air stream entering the metabolic chamber was at
essentially 100% R.H (18.7 mg H2O /l) and contained 1-2 ppm of CO2 as assayed with a Li-
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Cor 6262 CO2/H2O analyzer (Li-Cor, Lincoln, Nebraska). The amount of CO2 was a small
fraction of the final CO2 level produced by a fly at the end of the sample period (typically
between 500-1000 ppm CO2). Thereafter we removed a 1-ml (STPD) sample of the chamber gas
using a Hamilton SampleLock syringe (Hamilton, Reno, Nevada) and injected it directly into
a 150 ml/min (±1%) STPD, CO2-free carrier air stream scrubbed of water with a magnesium
perchlorate (MgClO4) filter located before a Li-Cor 6251 CO2 gas analyzer, but after the site
of sample injection. The flow rate of the carrier air stream was determined on dry (dew point
<-60°C) air. The measurement chamber was flushed again with CO2-free air, and 1h later a
second sample was taken. The quantity of CO2 produced by an individual fly was calculated
from the second CO2 measurement using Datacan software (Sable Systems International, Las
Vegas, NV).

The quantity of CO2 produced was converted to O2 consumption by directly determining the
respiratory quotient (RQ) on groups of flies and using this value to calculate O2 consumption.
Several empty chambers were included in the sampling to control for background CO2,
presence of CO2 in the air used for flushing, and to check for gas leakage in the assay chambers.
Analysis of these chambers indicated that background CO2 levels or chamber leakage was
typically <10 ppm. Over a 1 hour period a single fly typically produced between 2-3 μl of
CO2. The reading from an empty chamber over this time was <5% of this amount and was
consistent within and between sets of measurements. We found that the small amount of
CO2 in the blank was very close to the amount the remained adsorbed to the metabolic chamber
at the end of a sample interval. For this reason we did not subtract out the blank CO2 reading
from that of the fly.

After the second infrared CO2 gas analyzer measurement, individual flies were frozen at - 80°
C and thereafter weighed on a Sartorius M2P microbalance to the nearest 0.01mg (Sartorius,
Goettingen, Germany).

The CO2 gas analysis system was zeroed daily against CO2-free air, and spanned regularly
against a 51 ppm certified gas standard (Air Products, Long Beach, CA). The zero CO2 standard
was obtained by pumping room air through a Pure-Gas generator, (MTI, Denver Colorado),
for initial removal of CO2 and water vapor and then running the outflow through an Ascarite
filter. Direct comparison showed that an air stream scrubbed of CO2 in this manner was
equivalent to zeroing the analyzer with pure nitrogen. The accuracy of the CO2 analysis system
was also checked by injecting in gas samples containing a known CO2 concentration into the
gas sampling system. The CO2 concentration of a sample was approximately equal to that
produced by a fly in a typical metabolic measurement. This method of calibration checks the
accuracy of the total metabolic analysis system, including the mass flow meter and sampling
syringe. When tested by this method the calculated CO2 value was within 2% of the expected
reading.

Oxygen consumption and respiratory quotient determination—To compare the
relationship between CO2 production and O2 consumption and to determine the RQ of the three
fly lines, we placed 4d or 14 d old post-emergent flies into 50 ml glass chambers for 1h. To
increase the signal for our instrument that measured oxygen concentration, we placed 10 flies
in the chamber for each measurement. The chambers were kept in an illuminated, custom-
designed environmental chamber at 23°C. At the end of the sample interval, air in the chamber
was flushed into a Li-Cor 6251 CO2 analyzer linked in series to a Sable Systems Oxzilla oxygen
analyzer. The Li-Cor analyzer has a sensitivity of <0.1ppm and an accuracy of <1ppm while
the Oxzilla analyzer has a sensitivity of 0.0001% and an accuracy of 0.1%. The sample was
scrubbed of water vapor with MgClO4 before entering the analyzers. CO2 production and O2
consumption were determined using equations in the Sable Systems data analysis software.
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Means ± 1SEM were determined for 18 groups of 14 day post-emergent flies, and 9 groups of
4 day post-emergent flies.

Water Loss—To measure water loss from flies exposed to a low water vapor pressure, we
exposed three groups of 10 flies each to dried air. Flies were placed in 50 ml glass chambers
that were sealed with stainless steel Swagelock valves and custom machined Viton O-ring
sealed plugs. The chambers were flushed six times for 30s with a MgClO4 dried airstream at
a flow of 150ml/min. The flies were then sealed in the chamber for 30min and the total amount
of water vapor in the sample was calculated by running the outflowing airstream into a LiCor
6262 CO2/H2O analyzer.

Manometers—This study utilized a single manometric procedure using manometers that
were constructed following recently published protocols (Poirier, 1996; Ross, 2000; Hulbert
et al., 2004). Five replicate manometers were prepared for each D. simulans line on each
experimental day. Ten male flies were immobilized on ice, transferred into manometer
chambers, and a small cotton plug inserted to confine flies. Flies were chilled <10min and
became active in <1min after transfer to manometers. We chilled flies for such a short time
because slow recovery from chilling depresses metabolic rate.

CO2 was absorbed by 100μl of saturated KOH solution (Sigma, St. Louis, MO, USA) applied
to a 1cm2 piece of Whatman No. 1 filter paper (Whatman, Middlesex, UK), which was inserted
behind the cotton plug of our microrespirometer (Chadwick and Gilmour, 1940; Dixon,
1951; Umbreit, 1972). Saturated KOH-soaked papers were chosen because they apparently
absorb CO2 rapidly and efficiently (Dixon, 1951). This an advantage over other methods in
which only a small drop of KOH solution is placed in the chamber, providing a more limited
surface area available for CO2 to react with. A KOH solution in a closed chamber filled with
air would be expected to establish and maintain a constant, low relative humidity
(approximately 8%) environment (Winston and Bates, 1960).

Flies were acclimated in the chamber for 30 min at 23°C before we measured their respiration
rate. Measurements of O2 consumption were initiated by placing a small drop of 50% glycerol
containing bromophenol blue into the tip of the microcapillary pipette. After 30min the position
of the top edge of the drop was marked and the distance moved in millimeters was recorded.
The change in volume due to O2 consumption was calculated and values were adjusted to
STPD (Schmidt, 1997).

To express metabolic rate as μl O2/ h×fly, the standardized volume of O2 consumed was divided
by assay time and by the number of flies in the manometer. Manometers containing no flies
and manometers containing flies and a 1cm2 piece of filter paper soaked in distilled water were
included to control for external changes in temperature and pressure during the assay. No flies
died during our measurements.

After assays, manometers were placed on ice, and when flies were immobilized, we transferred
them to pre-weighed 1.5ml microcentrifuge tubes, and weighed them on an Ohaus Adventurer
AR2140 balance to the nearest 0.1mg (Ohaus, Pine Brook, NJ). Weight of one fly was
calculated by dividing the total weight of flies by the number of flies in the manometer.

We measured metabolic rate of individual flies by IRGA and by manometers at 4, 11, 18, and
25d post emergence. All IRGA gas analysis was conducted at New Mexico State University.
We determined metabolic rate by manometers at the University of Iowa, except for one set of
measurements that we made in New Mexico. To determine if transportation and/or assay site
affected CO2 production, simultaneous IRGA and manometric metabolic assays were
conducted on the same cohort of 4d-old flies in New Mexico. For this experiment, we divided
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cohorts of flies from the three lines into two groups, one for manometric determination of
metabolic rate, the other for IRGA measurement of metabolic rate.

Relative humidity within chambers was likely much lower for flies in our manometers than
for flies in glass vials used for IRGA analysis. To determine the effect of humidity level on
metabolic rate of flies, 11d- old post-emergent flies were individually placed in 2 ml glass
metabolic chambers. These chambers were then flushed with CO2-free air either at 100%
relative humidity or 0% RH. The 100% relative humidity gas stream was hydrated using the
previously described method for producing high humidity/low CO2-air. For IRGA
measurements, we determined CO2 twice for each fly.

A factor potentially influencing the fly metabolic rate as well as the relationship between IRGA
and manometric determinations of metabolic rate is the period that the flies were acclimated
in the laboratory prior to the measurements. To compare the effect of acclimation time on
metabolic rate groups of flies were maintained at New Mexico State University for 14d. The
metabolic rate of these flies was then compared to that of members of the same cohorts of flies
that were reared at the University of Iowa for 14d and shipped to New Mexico on the day of
the metabolic measurement. Metabolic rate measurements of the flies shipped from Iowa were
started within 30min of the arrival of the flies in New Mexico. Flies were 18d post-emergent
at the time of the measurements.

Statistical Analysis
Data were analyzed using either StatView 5.0.1 or Systat 5.2.1 statistical analysis programs
with statistical tests that included ANOVA, Students t-test, and linear regression analysis. Post
hoc tests were done using Fisher's LSD.

Results
Manometric vs IRGA determinations of Metabolic Rate

We found significant differences between estimates of fly metabolism generated by the
manometric method compared with IRGA (Figure 1). Differences in apparent metabolic rate
are difficult to explain without invoking a complex line by age by method interaction. ANOVA
showed significant effects of method (F1, 329 = 10.1, P < 0.001) on metabolic rate. Age or
method × age interactions were not significant factors affecting metabolic rate ((F1, 329 = 0.21,
P = NS), (F1, 329 = 0.66, P = NS). Body mass was not a significant covariate affecting metabolic
rate in any of the lines measured.

Our experiments also indicated significant differences in metabolic rate when we compared
flies of the same cohort measured simultaneously in the same laboratory (Fig. 2). There was a
significant difference in metabolic rate between the 6 groups (ANOVA F1, 103, P≪0.001). Post
hoc (Fisher's LSD) comparisons of metabolic rates between these groups shows that
manometeric estimates of metabolic rate were significantly greater than measurements taken
with an IRGA in two of the three lines (Line HW09, P=0.006; Line MD106, P=0.152; Line
NC48, P≪0.001).

Oxygen consumption and RQ determination
We found a significant correlation between CO2 production and O2 consumption (Fig. 3; r2=
0.91, p<0.001, n=27), but no significant interline differences in RQ of 14 day old flies
(ANOVA, F2, 15 =0.91, P=0.42). Because of limited sample size, no statistical comparisons
were made between RQ's of 4 day old flies. The RQ of lines averaged 0.91±0.01, n=27. This
value was used to convert IRGA derived CO2 values to μW using an energy equivalent of 20.1
kJ/l (Kleiber, 1975).
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Relative Humidity, Water Loss and Metabolic Rate
After a 30 min exposure to air with 0% RH, flies lost an average of 0.035 mg H2O/fly. Because
these measurements were done in a closed chamber, in which flies gradually increased water
vapor pressure, we think that our estimate of water loss is likely an underestimate. At the end
of the sample period, flies had increased the RH of the chamber from 0% RH to approximately
40% RH.

Even under these conditions, relative humidity of the chamber could have a significant effect
on fly metabolic rate (Figure 4). Metabolic rates of flies in dry air were often elevated compared
to that of flies placed in water saturated air. This difference became more pronounced with the
amount of time that the fly was in the chamber. The second metabolic reading were significantly
higher in dry air for two of the lines (Student's t-test, Line MD106, t27=4.2, P≪0.001; Line
NC48, t28=2.8 P<0.001) but not significant different for the third line (Line HW09, t28=1.6,
P=0.12).

Transportation and Acclimatization Effects
The metabolic rate of flies that had been housed in an incubator in New Mexico for 14 days
previous to a determination of metabolic rate were not significantly different from that of flies
from the same cohort which were reared in Iowa for 2 weeks and sent via overnight shipping
(Figure 5) (Student's t-test, Line HW09, t26=0.2, P=0.83; Line MD106, t27=0.2, P=0.87; Line
NC48, t23=0.65 P=0.52).

Discussion
Although manometric devices are simple to construct and easy to use, we have shown that they
can produce an overestimate of metabolic rate that is significantly different than that obtained
by directly measuring CO2 production. Of the 15 comparisons done in this study, metabolic
rate as estimated by manometric methods was significantly higher than the IRGA estimate in
9 cases and never significantly less than the IRGA based method. Relative differences between
manometric and IRGA methods did not follow a consistent pattern, both within and between
lines tested, making it impossible to devise a simple conversion factor to correct measurements
made by the manometric method. The differences in metabolic rate estimates between
manometric and IRGA also do not appear to be due to the assays being conducted at different
locations. Simultaneous metabolic measurements done on the same cohort of flies at the same
location also found that the manometric based methods typically produced higher estimates of
metabolic rate than CO2 based estimates. The fact that the manometric measurements were
conducted on groups of 10 flies while the IRGA measurements were done on single flies also
appears unlikely to be the factor responsible for the differences in metabolic rate. A study that
directly examined the effect of group size on metabolic rate in Drosophila found no significant
effect of group size on Drosophila metabolic rate (Van Voorhies et al. 2004).

The most widely accepted measure of metabolic rate is based on the determination of an
organisms' oxygen consumption. The argument that CO2 production may not be accurately
measuring oxygen consumption is not valid in this study. Because the ratio of CO2 produced
to O2 consumed depends on factors such as metabolic substrate utilization and acid base
balance, care must be taken when extrapolating from metabolic rate measurements based on
CO2 production to International System of Units measures such as Joules or Watts (Frayn,
1983; Gessaman and Nagy, 1988; Walsberg and Wolf, 1995; Schmidt-Nielsen, 1997). In this
study direct, simultaneous measures of both CO2 production and O2 consumption indicated
that there is an excellent correlation between the two parameters (r2 = 0.914). The correlation
coefficient would likely have been even higher had there been a wider range of values in the
parameters measured. A previous study comparing the correlation between CO2 production
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and O2 consumption in Drosophila melanogaster across a wider range of values of CO2
production and O2 consumption found a near perfect correlation (r2 = 0.99) between these two
parameters with an average RQ of 0.95 (Van Voorhies et al., 2004).

This study could not identify an abiotic factor that is responsible for the lack of correlation
between manometric and IRGA based methods of determining metabolic rate. This makes it
likely that an intrinsically variable factor, such as a humidity dependent change in activity level
is responsible for the differences in metabolic measurements. When determining metabolic
rates using manometric methods the hydroscopic nature of the KOH used to absorb CO2
potentially exposes the animal to a low humidity environment during the measurement. In
contrast, in direct measures of gas exchange such as used in CO2/O2 based methods of
metabolic determination, chamber humidity can be maintained up to 100% relative humidity
levels as long as the water vapor is removed from the air stream before it enters the analyzers.
This may be one factor responsible for the relative elevation of metabolic rates of flies measured
in manometers compared to IRGA. The relatively small size of Drosophila means that a low
humidity environment would provide a desiccation stress for the animal. In two of the lines
tested, desiccation stress induced a significant increase in metabolic rate compared to flies in
chambers with fully water-saturated air. The hypothesis that Drosophila exposed to a low
humidity environment would show an increased metabolic rate relative to flies in high water
vapor content air is supported by data showing that Drosophila melanogaster exposed to
desiccation stress show an increase in both activity level and metabolic rates (Gibbs, 2002).

The metabolic rate of Drosophila appears to be relatively insensitive to transport effects. In
this study metabolic rate of flies that were acclimated for 2 weeks in the laboratory in New
Mexico was indistinguishable from members of the same cohorts of flies that were reared
several thousand kilometers away, sent by overnight express mail during the middle of summer,
and whose metabolic rate was assayed within 30min of arriving in the laboratory. This indicates
that it is feasible to send flies over long distances to measure their metabolic rates in laboratories
that can make direct measurements. This option may be more desirable than using manometric
methods for measuring metabolic rates.

In conclusion investigators who use manometric methods to determine metabolic rate should
take care before assuming that estimates of oxygen consumption determined by this method
are the same as those determined by more direct measures of metabolic rate such as assay of
CO2 or O2 flux.
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Figure 1.
Comparison of metabolic rates as measured by CO2 production using IRGA or O2 consumption
with manometric methods. Metabolic rates were measured on cohorts of flies from 3 different
lines at 4 different ages. Metabolic rates for each line are plotted separately. The hatched bars
represent metabolic rate as determined from CO2 flux while the solid bars represent metabolic
rate as determined by manometric based assays. Means ± 1SEM are plotted for each group.
Sample size varied from 18 to 33 individual flies for the CO2 measurements. Manometric
reading were determined on groups of 10 flies with five samples done per line for each age.
Asterisks indicate significant differences between the lines at P<0.05.
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Figure 2.
Comparison of metabolic rate as estimated by directly measuring CO2 output or from
manometric methods on cohorts of flies simultaneously measured in the same location. Sample
size was 19-20 individual flies for the CO2 measurements. Manometric readings were
determined on groups of 10 flies with 15 samples per line. Asterisks indicate significant
differences between the lines at P<0.05.

Van Voorhies et al. Page 11

J Insect Physiol. Author manuscript; available in PMC 2009 July 1.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript



Figure 3.
Relationship between O2 consumption and CO2 output for male D. simulans lines collected
from three different geographic locations (Hawaii, New Caledonia and Madagascar).
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Figure 4.
The effect of chamber relative humidity on D. simulans metabolic rate. Individual flies were
placed in 2ml glass metabolic chambers which were then flushed with either 100% RH or 0%
RH CO2 free air. Since the measurements were done on flies in a closed chamber the actual
RH of the flies in 0% RH air would gradually increased over the time due to water loss from
the fly. Metabolic comparisons were done between 20 flies exposed to 100% RH air and 10
flies exposed to 0% RH air. Means ± 1SEM are plotted. Asterisks indicate significant
differences between the lines at P<0.05.
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Figure 5.
Comparison of the metabolic rates of flies that where acclimated in the laboratory in New
Mexico for 2 wk (open or closed symbols) verses flies that were shipped overnight from the
Iowa lab (open or closed symbols) and were in NM for 30 m before being analyzed. Metabolic
rates of flies from both groups were measured at the same time. The flies were sent at one of
the hottest times of year in NM (air temperature was 40C on the day the flies arrived). Each
symbol plots the metabolic rate of an individual fly. There were no significant differences in
metabolic rates between the lines.

Van Voorhies et al. Page 14

J Insect Physiol. Author manuscript; available in PMC 2009 July 1.

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript

N
IH

-PA Author M
anuscript


